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Abstract 
Nanoparticles or similar, nanoscale objects such as proteins or biological fibrils usually have 
to be deposited from aqueous suspension onto a solid support surface for further 
characterization by Atomic Force Microscopy (AFM) and related methods such as Kelvin-
probe Force Microscopy (KFM). Here we show, on the examples of functionalized 
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nanoparticles and collagen fibrils, that water desorption after sample preparation affects their 
electrostatic potential determined by KFM in a predictable manner. We explain this effect 
with a simple, analytical model based on the capacitance of the partially dielectric-filled tip-
sample system. We also propose practical measures to avoid false interpretation of electrical 
AFM-based experiments. As the phenomenon is very generic it may have significant 
implications in the application of AFM to nanoparticles and other nanostructures including 
biological ones. 
 
Keywords 
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Introduction 
Kelvin-probe Force Microscopy (KFM), a mode of Scanning Probe Microscopy and method 
whose origins lie in solid-state physics and the materials sciences,[1] is increasingly being 
employed to map surface charges of “soft” materials such as nanoparticles, individual 
biomolecules,[2-5] fibrillar proteins,[6, 7] or biofilms/membranes.[8-13] Here, it is not only 
the spatial resolution but also the extremely high sensitivity to small changes in surface 
charge which makes KFM attractive, with potential applications such as label-free detection 
of biomolecular interactions.[14, 15] 
However, the particular nature of surface charges and the fact that KFM cannot be performed 
directly in water[16] makes it necessary to carefully assess the influence of any residual water 
on such - usually - hydrophilic samples on the KFM signal. While it has long been recognized 
that the humidity of the surrounding air can affect KFM signals in a multitude of ways, for 
example through humidity-dependent adsorption/desorption of charged species,[17] reduction 
of surface potential contrast due to adsorbed water,[18] or increased migration of charge 
carriers due to the surface conductivity caused by water layers, immobile, ionized, chemical 
groups such as amine- or carboxy-groups require additional consideration.  
The problem is that the tip-sample system in KFM forms essentially a tiny capacitor (Figure 
1).  
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Figure 1. Geometry and set-up of KFM measurements. (a) Conductive AFM tip scanned at constant 
distance, h, from the surface with thin water layer of thickness z; object presents fixed surface charges. (b) 
Equivalent circuit diagram of a KFM measurement. Bias voltage applied between tip (upper capacitor 
plate) and surface (lower capacitor plate); effective plate area, A, effective plate-plate distance, h, and 
dielectric with relative permittivity, εr, determine capacitance of system in (a); fixed charge, Q, is present 
on one of the plates with its corresponding image charge on the other plate.   
The presence of a thin water layer introduces a dielectric, which, in turn, increases the 
capacitance C of the system and, thereby, decreases the potential difference UQ = Q/C 
between tip and sample if there is a fixed, constant charge Q on one (or both) electrodes and, 
hence, the measured KFM signal. The effect as such occurs regardless of the exact shape of 
the capacitor plates. As we will show in the present paper, the effect has significant, practical 
consequences in the typical configuration of a “Bio-KFM” experiment and is due to the 
inherent sample preparation requirements when investigating biological or nanoparticulate 
materials.  
The perturbing influence of a thin water-layer is exacerbated by the fact that KFM signals of 
biomolecules and biomolecular processes are often much smaller (in the 1-100 mV range[4, 8, 
15]) than those of solid-state materials (in the 100-500 mV range[19]). Also, during sample 
preparation, nanoparticles or biomolecules (e.g. proteins) are usually deposited from an 
aqueous suspension/solution, that is, an effectively 100%-humid environment onto a solid 
substrate (e.g. mica) and then investigated in air at typical ambient humidity of 20%-60%. 
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Hydrophilic surfaces in particular need time to equilibrate with their environment. For 
example, it has been shown already in the early days of AFM that thin layers of water form 
and desorb relatively slowly upon changing the environmental humidity.[20] The typical time 
constants can be anything between a few minutes to several hours, which needs to be taken 
into account in the experimental design. 
To assess the above-named problems, particularly in view of biological and other soft-
materials, we specifically concentrate on amine- and carboxy-groups. Such groups are the 
typical, charge-carrying groups at the surface of biomolecules and many functionalized 
nanoparticles. Our hypothesis is that slow changes of the thickness of the water layer on such 
samples alter the KFM signal significantly, and that such an effect can be described by a 
simple, partially dielectric-filled capacitor model for the tip sample system (Figure 1).   
Theory 
The objective is to find a simple, analytical model which describes the influence of the 
thickness of the thin water film on the KFM signal (Figure 1). To this end, we make a number 
of simplifications and assumptions:  
1. The surface charge, Q, on the object is spatially fixed and constant. It is independent 
of the external voltages, UDC and UAC, applied. 
2. The water film on the tip is subsumed in z. 
3. Edge-effects and convolution of the KFM signal due to the tip-sample geometry are 
ignored as we only consider a variation of z, whereas the overall geometry of the 
system (tip-sample distance, tip radius, object size, etc.) is constant. 
4. The relative permittivity of the thin water film, εr, does not change upon change of z. 
While the first three assumptions are straightforward and not very restrictive, the last one is 
known not to be fulfilled [22]. However, for the following development this is not 
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fundamentally critical and the impact that the variation of εr with the thickness of nanometer-
thin water films has on our model will be addressed further down in this section.  
We can now model the tip-sample system (Figure 1a) by an equivalent plate-parallel capacitor 
with capacitance C, which contains the effective plate area A and effective plate-plate distance 
h (Figure 1b). The capacitor is partially filled with a dielectric of thickness z and of relative 
permittivity εr. A constant, homogeneously distributed charge Q is fixated at one plate.  
In AM-KFM, the controller tries to nullify the ω-component of the tip oscillation[1]  
)( sDCAC UUh
CF 

  
1 
by adjusting UDC until it is equal to Φs at the location of the tip, where Φs is the apparent 
sample surface potential. Fω is a capacitive component of the tip oscillation, that is, it is 
caused solely by capacitive, electrical forces. According to this equation the required UDC is 
independent of C as well as of ∂C/∂h.  
For the purpose of the following development, we consider Φs to be composed of two 
contributions: Firstly, the sum of all the contact potential differences in the circuit, ΦCPD, 
which are determined by the work functions of the materials involved, and, secondly, a 
contribution, UQ, from additional fixed charges, Q. As the work functions are constant in our 
experimental setup, we can set ΦCPD = 0 without loss of generality. Q induces an equal charge 
of opposite sign on the opposite capacitor plate (Figure 1b) and generates an additional 
voltage UQ = Q/C at the capacitor, which is dependent on C and which generates a KFM 
signal UDC = UQ. Hence, in contrast to the case in Eq.1, UDC is now dependent on C. 
The capacitance of a partially dielectric-filled capacitor as shown in Figure 1b is[23] 
𝐶 =
𝐴𝜀଴
ቆℎ + 𝑧 ቀ1𝜀௥
− 1ቁቇ
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Inserting C into UQ gives 
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𝑈஽஼ =
𝑄
𝐴𝜀଴
ቆℎ + 𝑧(𝑡) ൬
1
𝜀௥
− 1൰ቇ 
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Hence, the KFM signal UDC decreases when a dielectric with εr > 1 is present and the signal is 
directly proportional to its thickness z(t). This applies to, both, the location of the object and 
the surrounding substrate. In practice, the KFM signal difference between the object of 
interest (e.g. a biomolecule or a nanoparticle) and the surrounding substrate is the quantity 
that is to be determined.  
We now derive an expression for the time-dependence UDC(t) if the thickness of the dielectric 
layer obeys the following time-dependence 
z(𝑡) = z଴𝑒ି
௧ ఛൗ + z௘௡ௗ 4 
Eq.4 describes water evaporation with a simple, exponential decay law, which is 
commensurate with a rate of decay that is proportional to the amount of a substance left. The 
decay constant, τ, depends on the environmental conditions such as temperature and ambient 
humidity. However, we assume that water does not evaporate completely but that the film 
thickness tends towards the final value zend, which takes into account the fact that, as bulk 
water evaporates, the attraction force of the remaining water molecules to the surface 
becomes more and more dominant until it cannot be overcome anymore.   
Inserting Eq.4 into Eq.3 yields 
𝑈஽஼(𝑡) =
𝑄
𝐴𝜀଴
ℎ +
𝑄
𝐴𝜀଴
൬
1
𝜀௥
− 1൰ 𝑧௘௡ௗ +
𝑄
𝐴𝜀଴
൬
1
𝜀௥
− 1൰𝑧଴𝑒ି
௧ ఛൗ  
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The first two terms are constant and can be defined as Φ௘௡ௗ =
ொ
஺ఌబ
ℎ + ொ
஺ఌబ
ቀ ଵ
ఌೝ
− 1ቁ 𝑧௘௡ௗ. 
Further defining Φ଴ =
ொ
஺ఌబ
ቀ ଵ
ఌೝ
− 1ቁ 𝑧଴ gives the expression for the KFM signal 
𝑈஽஼(𝑡) = Φ௘௡ௗ +Φ଴𝑒ି
௧ ఛൗ  6 
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From this equation, one can see that the KFM-signal follows the same time dependence as the 
thickness of the dielectric. In practice, t = 0 is the time when bulk water is removed from the 
sample, e.g., when a sample is rinsed and dried after deposition of biomolecules. 
As mentioned above, the relative permittivity of water in thin-film form is not constant [22]. 
In our model, this would have to be taken into account by using a z- and, hence, time-
dependent εr = εr(z(t)). However, this is less critical than it may first appear. For example, if 
one assumed that εr decreased roughly linearly with thickness, which is a good, first-order 
approximation [22], that is , εr = Bz with B = const, then Eq.2 would become 
𝐶 =
𝐴𝜀଴
ቀℎ + 1𝐵 − 𝑧ቁ
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Thus, C would have a similar time dependence as in the case of constant εr and, hence, the 
exponential time course of the KFM signal (Eq.6) would still be observed, albeit with other 
parameters.  
It should be noted that, in many KFM experiments of individual objects on a substrate, 
absolute values of their surface potential are usually not required. In order to minimize the 
effect of overall signal drift and to cancel out the contribution of the work function difference 
of tip and substrate, the net potential, Φnet = Φobject – Φsubstrate, is usually determined for the 
object. In this case, the above theory applies to, both, object as well as substrate, and the 
expression for the KFM signal (Eq.6) becomes 
However, if the decay constants of object and substrate are the same, τobject = τsubstrate, which is 
a reasonable assumption as the whole sample is subject to the same temperature and pressure, 
then Eq.8 simplifies to  
Φnet(𝑡) = Φobject(𝑡) − Φsubstrate(𝑡) = Φ଴,object𝑒
ି௧ ఛobjectൗ +Φend,object −
Φ଴,substrate𝑒ି
௧ ఛsubstrateൗ −Φend,substrate  
8 
Φnet(𝑡) = (Φ଴,object −Φ଴,substrate)𝑒
ି௧ ఛobjectൗ +Φend,object −Φend,substrate 
9 
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which has the same form as Eq.6 and which shows an increase or a decrease of Φnet over time, 
if Φ0,object < Φ0,substrate or Φ0,object > Φ0,substrate, respectively. In the present paper, all graphs show 
Φnet. 
Methods 
Overview 
As model systems, we used polystyrene (PS) nanoparticles with defined, positive and 
negative surface groups, respectively, and type-1-collagen fibrils. These models cover typical 
structures and geometries encountered in biological and soft materials and, thus, allow us to 
draw more generic conclusions about the characteristics of KFM measurements on such 
systems. The substrate was Highly-Oriented Pyrolytic Graphite (HOPG), which has the 
advantage of being easily cleavable in order to have a clean surface, atomically flat over wide 
areas in the μm-range and electrically conductive so that we obtain a well-defined background 
surface potential. Table 1 shows details of the samples investigated. The ambient, relative 
humidity in all experiments was not actively controlled but was monitored and remained in 
the range of ca. 20-30%. 
 
 PS-COOH PS-NH2 Collagen 
Type Polymer nanoparticle Polymer nanoparticle Fibrillar protein assembly 
Size (height) 100 nm 100 nm 10 nm – 200 nm 
Size (width) 100 nm 100 nm 10 nm – 200 nm 
Charge-
determining 
amino acids 
- - Lys, Arg, Asp, Glu 
Ionisable 
groups 
COO- NH3+ NH3+, COO- 
Substrate HOPG HOPG HOPG 
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Substrate 
chemical 
composition 
C C C 
Table 1. Details of samples used and their characteristic properties relevant for the study. PS = 
Polystyrene, HOPG = Highly-Oriented Pyrolytic Graphite. 
Sample preparation.  
Nanoparticles: Suspensions of either carboxy- or amine-functionalized, monodisperse 
polystyrene nanoparticles with 100 nm diameter (Micromer 01-02-102 and 01-01-102, 
Micromod Partikeltechnologie GmbH, Rostock, Germany) were diluted in deionized (DI) 
water to a 10× lower concentration and then deposited onto freshly cleaved HOPG pieces 
(ZYB-grade, Bruker Corporation, Billerica MA, USA) by placing a small drop of the 
suspension (ca. 50 μl) onto the HOPG and leaving it for ca. 10 min. The sample was then 
briefly rinsed with DI-water and the remaining water was blown off with ambient air using a 
manually operated bellows. 
Collagen fibrils: Bovine Achilles tendon type-1-collagen fibrils (Sigma-Aldrich Company 
Ltd., Dorset, United Kingdom) were prepared for another study and dispersed either in PBS or 
in a 50 mM ribose solution in PBS. They were left to incubate at 37°C for 3 weeks.[24] A 
small drop of the suspension (ca. 20 μl) was put onto a freshly cleaved piece of HOPG of 
1 cm × 1 cm in size (ZYB-grade, Bruker Corporation, Billerica MA, USA), left for 
ca. 20 min. and then briefly rinsed with DI-water. The water was then blown off with ambient 
air using a manually operated bellows.  
AFM/KFM 
AFM/KFM was performed with a Dimension Icon FastScan AFM (Bruker Corporation, 
Billerica MA, USA) with Nanoscope V controller in ambient air (relative humidity = 20% – 
30%, temperature = 21°C –25°C). Bruker TAP150A, n-doped (Sb) Si-tips (nominal cantilever 
spring constant = 5 N/m, nominal tip radius = 10 nm) were used for all AFM/KFM 
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measurements. For each data set, that is each individual time-course graph, the same 
individual tip was used. Also, for each data set, the tip shape was qualitatively checked by 
imaging 10-nm-diameter gold nanoparticles on mica before and after the experiments. No 
particular degradation or change of the tip shape could be observed and no change in the 
resonance frequency, which would have indicated pick-up of material from the sample, was 
noticed. 
All AFM/KFM measurements were performed in the usual two-pass mode, where each scan 
line is traced twice, first to record the topography in tapping-mode (also known as 
intermittent-contact mode), then to record the surface potential by AM-KFM with the tip 
retracing the topography while maintaining a constant tip-sample distance, h (Figure 1). In 
AM-KFM the best spatial resolution and sensitivity of Φs is obtained when keeping h as small 
as possible.[1] In our AFM, h is the oscillation amplitude of the tapping-mode topography 
scan (1st pass) plus the nominal lift height (lift height parameter chosen by the user in the 
control software). With oscillation amplitudes of approximately 40 nm, nominal lift heights 
between -10 nm and +10 nm correspond to actual tip-sample distances, h, of 30 nm to 50 nm. 
These relatively large distances, on the one hand, have the advantage that stable and 
consistent KFM-mapping can be achieved (we need to maintain consistent measurement 
parameters over several hours and days on the same sample location). On the other hand, 
large tip-sample distances increase the tip convolution effect in KFM, which means that the 
potentials recorded contain a significant contribution from the surroundings of any given 
object making the measurements less sensitive and spatially resolved [5]. However, the KFM 
signals are still high enough so that the time course of the potential can be recorded.  
An external control system was used for the AM-KFM operation in order to increase 
sensitivity. This system consisted of an off-the-shelf function generator, which applied a 
sinusoidal signal with the cantilever’s first resonance frequency to the tip via the tip bias input 
of the Bruker Signal Access Module (SAM). The resulting deflection signal of the tip 
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oscillation was taken from the SAM and fed into an external lock-in amplifier (7270 DSP, 
Ametek Inc, Berwyn PA, USA) to determine the inphase amplitude component of the 
oscillation (in phase with the signal from the function generator). This signal is then the error 
signal of the control circuit. A custom-made analogue-controller was used to perform the 
standard AM-KFM control procedure[25] and the control signal, which represents the actual 
surface potential, UDC, to be determined, was fed back to the tip via the SAM. The control 
signal was also input to the customisable Input1 port of the AFM, where it was digitized by 
the Nanoscope V controller and its data acquisition system for image analysis.  
Tuning was performed and the correct function of the KFM set-up was checked using the 
procedure described in the literature.[26] The same area was mapped at subsequent time 
points for each data set. All images of a given data set were taken using the same imaging-
parameters (lift height, controller gains, scan speeds, lines/image, etc.).  
In case of the nanoparticle samples, a randomly chosen area of sufficient size to include at 
least 10 individual particles was mapped (image scan size = 10 μm × 10 μm, resolution = 
1024 pixels × 1024 pixels, scan speed = 10 μm/s ≈ 75 min/image). All images were taken in 
the same slow-scan direction (top-to-bottom). Most particles did not move during scans, so 
that individual particles could be identified and assigned individual values for Φnet in 
subsequent scans. Those particles that showed any positional change between scans were not 
used in the image analyses. As the imaging speed was low, some water could have evaporated 
during the acquisition of an individual image. Therefore, the time it took the tip to reach a 
specific particle was taken into account in all time-course analyses and graphs.  In case of the 
collagen samples, scattered fibrils could be seen in the video camera image of the AFM and a 
single fibril was randomly chosen for AFM/KFM-mapping. This same fibril was imaged 
several times (resolution = 512 pixels × 512 pixels) to obtain the time dependence of its 
surface potential.  
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Data analysis  
All image data was analysed using the free, third-party data analysis software Gwyddion 
(gwyddion.net). For nanoparticles, a potential value, Φnet, was determined for each individual 
particle. Only single particles, identified in the topography maps (e.g. Figure 2c), were 
included in the analysis. A rectangular area in the potential map around a particle was cropped 
and 1st-order line-levelled, excluding the particle itself using the mask function. It was made 
sure that the surrounding substrate showed the same potential level within the achievable 
KFM signal accuracy (a few mV). Then, the mark-grains-by-threshold function was used 
with a threshold of 50% of the total signal range to identify all pixels above this threshold. 
The average potential of these pixels was calculated using the statistical quantities function. 
Then, regions far away from the particle were chosen to calculate the average potential of the 
substrate and this was then subtracted from the average potential of the pixels above the 50%-
threshold. This procedure turned out to be sufficiently accurate to follow the time course of 
individual particle potentials. 
For collagen fibrils, the fibril potential was determined by calculating the average potential on 
the fibril itself (region A in Figure 4b) and subtracting the average potential of the 
surrounding substrate (regions B and C in Figure 4b). Average potential values and standard 
deviations were calculated from the image data using the statistical quantities function.  
Curve-fitting 
To characterize the change of surface potential over time, simple-exponential decay functions 
of the form  
Φ(𝑡) = Φ଴𝑒ି
௧ ఛൗ +Φ௘௡ௗ 10 
were fitted to the experimental data for Φnet using the program SigmaPlot 14 (Systat Software, 
Inc., San Jose CA, USA), with the parameters Φ0, decay time τ, and offset end-potential Φend, 
which is the potential for t → ∞. 
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Results and discussion 
Functionalized nanoparticles 
Figure 2 shows an example of AFM/KFM maps (a-d) of 100-nm-diameter polystyrene (PS) 
nanoparticles deposited on Highly-Oriented Pyrolytic Graphite (HOPG) and an analysis of 
their surface potential (e,f). A comparison between positively and negatively functionalized 
nanoparticles is shown in Figure 2e and the time course of the surface potential of carboxy-
modified particles as an example is shown in Figure 2f.  
Single particles or small agglomerates of particles could be found on all images and the height 
of single particles corresponds to the manufacturer’s diameter data (e.g. Figure 2c). All 
particles, irrespective of whether they carry negative (COO-) or positive (NH3+) surface 
functional groups, appear with a more negative potential than the surrounding HOPG (particle 
potential approximately -150 mV to -200 mV). This mainly reflects the work function 
difference between PS and HOPG.  
Figure 2e shows that the surface potential of the PS particles is modified by their surface 
functionalization. As expected, PS-NH2 particles (red) show a consistently more positive 
potential than PS-COOH particles (blue). This is consistent with the fact that amine-groups 
are predominantly positively charged whereas carboxy-groups are predominantly negatively 
charged at pH7, the pH of the suspension from which they have been deposited on HOPG and 
the pH of the water with which the deposited particle samples were rinsed after deposition. 
This charge state is largely preserved upon water removal and is also consistent with earlier 
experiments from our lab on carboxy- and amine-functionalized, self-assembled 
monolayers.[7]  
However, there is also a change over time when left exposed to ambient conditions in a 
typical lab (Figure 2e and f). For both types of particles, the potential became more positive 
after 48h (while still being negative with respect to HOPG). This indicates a decay- or 
relaxation-type process that happens over several hours to days. 
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Figure 2. Functionalized nanoparticles on HOPG. Nominal lift height = 10 nm. Topography (a and c, z-
color scale = 100 nm) and potential maps (b and d, potential color scale = 300 mV) of 100-nm-diameter 
PS-COOH particles. Zoom-ins (c) and (d) of dashed areas in (a) and (b), respectively. Dashed lines in (c) 
and (d) show cross-sections through single particle. (e) Average particle potential of PS-NH2 particles 
(red) and PS-COOH particles (blue), both, at t = 0 and at t = 48h. (f) Individual particle potentials vs. 
time. Filled circles = set 1, crosses = set 2. Each color stands for the same, single, identifiable particle.     
Figure 2f shows a more detailed investigation of the time course of the particle potential on 
the example of PS-COOH particles. Several images of the same area were taken over 
approximately 24h. The particle potentials of several, individually identified nanoparticles 
were recorded for each individual particle (identified by color in the diagram). As we know 
the start time and tip speed of each scan we can determine the actual time point at which each 
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particle was scanned. In Figure 2f, the horizontal axis is the true time that has passed since 
scanning particle 1 (labelled “1” in Figure 2b) for the first time. 
Two samples, that is, two sets of particles were mapped: The filled-circle symbols (set 1) 
indicate particles that were mapped 8 times over a period of 24h, whereas the cross symbols 
(set 2) indicate particles that were mapped only 2 times over the same period. Both sets show 
a change towards the same, more positive potential of about -120 mV. Thus, the mere act of 
scanning and bringing the tip into contact with the particles several times does not appear to 
have any major effect on the particle potential, otherwise set 2 would have shown much less 
change than set 1.  
For each particle, the exponential function from Eq.10 was fitted to the data and the three 
function parameters were determined. For set 1, the average decay time constant was τ = 5.5h 
and the average end-potential was Φend = -116 mV, respectively. The resulting, average best-
fit curve is shown as continuous line in Figure 2f and Φend is highlighted as horizontal, dashed 
line. 
Such curve-fitting based on individual particles cannot be performed for set 2 as only two data 
points are available per particle. However, the set 2 average start-potential Φ0 and the average 
potential at t = 24h can be calculated and, then, prescribed as fixed values in a simple-
exponential decay function (Eq.10). Extrapolating this decay function using the same decay 
time constant of τ = 5.5h  (dotted curve in Figure 2f) from set 1 fits the data of set 2 very well 
and reaches the same end-potential, Φend, asymptotically. This indicates that, despite different 
starting-potentials, different sample preparations reach similar end-potentials and that the 
mechanism of surface potential decay is probably very similar on both sets.  
In order to test whether the observed surface potential decay could simply be due to migration 
and dissipation of mobile charge carriers through the water film, we exposed the samples to 
highly humid air after having been dried. This increases the surface conductivity and, if 
mobile charge carriers were the dominant factor in the observed alterations of the KFM 
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signal, it would speed up decay even further. However, Figure 3 shows that the potential 
contrast is actually increased upon exposure to water-saturated air (relative humidity 
RH = 99%). The data points show the average particle potential of sets of particles on a 
HOPG substrate. All measurements were taken at RH ≈ 20%. Point 1 was taken immediately 
after deposition from aqueous suspension. Points 2, 4, and 6 were each taken approximately 
20h after exposure to RH ≈ 20%. Points 3 and 5 were taken immediately after exposure to 
RH ≈ 99% (dark blue shading) for 72h and 3h, respectively. As in Figure 2, the potential 
always decayed towards more positive values when the sample was left at RH ≈ 20% for 
several hours (filled squares in Figure 3). However, exposing the sample to RH ≈ 99% for at 
least 3h brings the particle potential back to more negative values again (open squares in 
Figure 3). The effect seems to be arbitrarily repeatable.  
 
Figure 3. Reversal of potential decay. Average particle potential of N = 9 PS-NH2 particles on HOPG. 
Nominal lift height = 0. All KFM measurements taken at RH ≈ 20% on the same sample. A dark blue 
shading indicates exposure to RH ≈ 99%. Filled squares = set 1, open squares = set 2. The numbers at the 
bottom of the diagram indicate RH and the duration of the exposure.   
Collagen 
Figure 4 shows AFM/KFM images of single collagen fibrils and the evolution of their surface 
potential over time. Two types of fibrils were investigated: Fibrils dispersed in phosphate-
buffered saline (PBS) (Figure 4a-c) and fibrils dispersed in a PBS-ribose solution (Figure 4d-
f). The topography images (Figure 4a and d) show that the fibrils have heights of ca. 40 nm to 
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110 nm. The simultaneously taken surface potential maps (Figure 4b and e) show that the 
fibrils exhibit a more negative potential than the surrounding HOPG surface. As with 
nanoparticles, this potential difference can be attributed to a superposition of the work 
function difference between collagen and HOPG and the net charge of various, ionized 
surface groups of collagen (Table 1). 
 
 
Figure 4. Collagen fibrils. (a-c) fibril not incubated with ribose, (d-f) fibril incubated with ribose. (a,d) 
AFM topography maps (height color scale = 200 nm) on HOPG. (b,e) KFM surface potential maps 
(potential color scale = 200 mV) of the same area as in (a,d), respectively, nominal lift height = 0 nm (b), 
nominal lift height = -10 nm (e). (c,f) Fibril potential, Φf, and fibril height (taken by cross-section in the 
middle of topography maps) vs. time since water removal; Φf = ΦA – (ΦB + ΦC)/2 with ΦA, ΦB, and ΦC the 
average surface potential of region A, B, and C, respectively. Continuous line = single-exponential fit of 
Eq.10 to the experimental data.   
Taking repeated KFM images on the same location and under the same conditions and 
parameters (tip, RH, temperature, lift height, scan speed, etc.) over a period of several days 
(Figure 4c and f) shows a change of the fibril surface potential towards more positive values 
with respect to HOPG. The decay time constant was approximately τ = 3.6h for fibrils not 
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exposed to ribose and τ = 7.8h for fibrils exposed to ribose. The end potential was Φend = -
36 mV for fibrils not exposed to ribose and Φend = 22 mV for fibrils exposed to ribose. The 
simultaneously recorded height of the fibril exposed to ribose (Figure 4f) showed a small 
decrease of a few percent within the first 3-4 h but then remained constant within the 
measurement accuracy. The fibrils not exposed to ribose did not show any significant height 
alteration (Figure 4c). This indicates that no major, morphological changes such as shrinking 
occurred during the experiments.  
Interpretation 
All experimental results presented above show a similar, general behavior: Once bulk water is 
removed from the sample, a decay-type time course of the KFM signal is observed, which can 
be modelled with a simple, exponential function (Eq.10). This time course can be explained 
by the slow evaporation of a residual, thin water layer and its influence on the capacitance of 
the tip-sample system as described in the theory section. In other words, the drastic change of 
the apparent surface potential in the first few hours after sample preparation can be readily 
explained by a straightforward, purely physical process, that is, without resorting to any 
alterations of the chemical surface composition nor to migration or adsorption of charge 
carriers. The latter effects are probably still present but effectively not as dominant as the 
evaporation of the water. 
Also, the fact that the time constants, τ, are in the same broad range of a few hours for 
nanoparticles and for collagen fibrils points to similarities in the physical mechanism. In all 
cases, RH was similar and the electrostatic nature of the surfaces of, both, functionalized 
nanoparticles and collagen fibrils is mainly governed by amine- and carboxy-groups (Table 
1). 
The observation that the decay effect can be reversed by simply exposing the sample to a 
humidity-saturated atmosphere (Figure 3) corroborates our interpretation: The straightforward 
explanation is that exposure to 99% RH leads to re-adsorption of water molecules on the 
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sample surface and, hence, an increase in the water layer thickness, z, reversing the behavior 
observed in Figure 2f.  
In more general terms, the theory we introduced applies to any KFM measurement of charged 
surfaces, including, e.g., oxides such as SiO2 or Al2O3. As such drastic drifting of the signal 
only happens when the humidity is changed significantly, the effect is usually irrelevant when 
dealing with solid-state samples. However, biomolecular samples such as fibrils, proteins, 
DNA, etc., are usually drop-deposited from an aqueous solution. As we have seen, the KFM 
signal decay is exponential, that is, the change in signal is greatest in the first few hours after 
sample preparation. We, therefore, advise careful timing and conduct of experiments with 
biomolecules. Ideally, the time course within the first 24-48h should always be determined for 
any particular sample and used as a control experiment if quantitative measurements and 
comparisons were to be made. The alternative of holding RH at near saturation in order to 
prevent the water layer from evaporating is not practical due to hazards involving the AFM 
high-voltage electronics.     
In this paper, we concentrated on Amplitude-Modulated KFM (AM-KFM), one of two KFM 
variants in terms of signal-processing (the other being Frequency-Modulated KFM (FM-
KFM))[21], as AM-KFM is the “older” and, hence, more widespread technique, especially 
with samples of biological origin [2-4, 6, 8, 15]. It is implemented in most if not all 
commercial AFMs. With FM-KFM, which achieves a higher, spatial resolution [21], we 
would expect very similar signal decays caused by water desorption, which would require the 
same careful timing and conduct of experiments as mentioned above.  
Conclusions 
In conclusion, we have shown that KFM measurements of samples which are prepared by 
deposition from aqueous solution show an exponential decay-type time course, which we 
explain by the inevitable evaporation of water from the sample and its influence on the tip-
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sample capacitor system. Whilst not unexpected, our results highlight important practical 
considerations when performing KFM measurements with biological or similar “soft-
materials” which expose ionisable chemical groups at their surface. The time constants of 
several hours and the drastic drifting of the KFM signal during this time without changing any 
of the experimental conditions significantly complicate KFM measurements and must be 
addressed by a suitable, experimental design.  
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